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Highlights  
1. The histone chaperone CAF-1 sustains DNA replication speed in single cells. 
2. CAF-1 loss alters histone repertoire and delays chromatin maturation. 
3. H3K9me3 and H3K27me3 regions respond differently to acute CAF-1 depletion. 
4. Impaired S-phase chromatin assembly triggers an immediate response and a G0 arrest. 
 
Summary 
Long-term perturbation of de novo chromatin assembly during DNA replication has profound 
effects on epigenome maintenance and cell fate. The early mechanistic origin of these defects 
is unknown. Here, we combine acute degradation of Chromatin Assembly Factor 1 (CAF-1), 
a key player in de novo chromatin assembly, with single-cell genomics, quantitative 
proteomics, and live-microscopy to uncover these initiating mechanisms in human cells. CAF-
1 loss immediately slows down DNA replication speed and renders nascent DNA hyper-
accessible. A rapid cellular response, distinct from canonical DNA damage signaling, is 
triggered and lowers histone mRNAs. As a result, histone variants usage and their 
modifications are altered, limiting transcriptional fidelity and delaying chromatin maturation 
within a single S-phase. This multi-level response induces a cell-cycle arrest after mitosis. Our 
work reveals the immediate consequences of defective de novo chromatin assembly during 
DNA replication, explaining how at later times the epigenome and cell fate can be altered. 
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INTRODUCTION  
During every cell cycle, the entire genome must be accurately replicated. This process 

occurs in the context of chromatin, a highly organized DNA-protein complex that encodes 
epigenetic information essential for cell identity and survival1. Chromatin is organized in 
repetitive structural units called nucleosomes, which are composed of two copies of the 
histones H2A, H2B, H3, and H4 wrapped by 150bp of DNA. Histones and their different 
variants provide a platform for post-translational modifications (PTMs) that locally control 
chromatin organization and DNA accessibility2. Since these features regulate gene 
transcription and affect cell identity, faithful inheritance of chromatin during cell division is 
essential to safeguard the fate of the daughter cells3–5.  

The inheritance of chromatin is tightly coupled to DNA replication during S-phase of the 
cell cycle3–8. Histone chaperones control chromatin dynamics in coordination with the 
replisome5,9,10. As DNA is copied, parental nucleosomes are recycled onto the two nascent 
DNA daughter strands to maintain local epigenetic information. In parallel, de novo chromatin 
assembly preserves chromatin density through the deposition of newly synthesized histones 
onto nascent DNA. These new histones initially lack local epigenetic PTMs, which are 
acquired after DNA replication through a process called chromatin maturation. Chromatin 
maturation mechanisms differ along chromosomes depending on the local environment 11–14, 
with heterochromatic histone PTMs accumulating with slower kinetics than the ones 
associated with active transcription12. This is despite heterochromatin-related factors being 
recruited rapidly on replicated DNA14. Moreover, to enable the rapid supply of chromatin 
components, S-phase cells coordinate the production of histone proteins with DNA 
replication6,9,10,15,16. Defects in chromatin replication are sensed by the cell cycle and affect cell 
proliferation17–19. Thus, S-phase chromatin dynamics safeguard epigenome stability and cell 
fate by orchestrating a complex network of diverse processes. 

De novo chromatin assembly during DNA replication is a central part of this network1,6–

8,20,21. This process is coordinated by the histone chaperone Chromatin Assembly Factor 1 
(CAF-1)22. CAF-1 is a heterotrimeric complex (composed of CHAF1A, CHAF1B, and RBBP4) 
that binds newly synthesized H3-H4 and deposits them onto both replicated DNA strands22–

27. CAF-1 is recruited to replication forks by the essential replication clamp PCNA28–35. 
Previous studies using knock-out or RNAi-mediated depletion of CAF-1 subunits have 
demonstrated a function for CAF-1 in safeguarding cell identity, epigenome stability, and DNA 
replication20,33,36–41. However, these depletion methods span multiple cell cycles, limiting our 
ability to understand the immediate mechanisms that drive these phenotypes. Therefore, it 
remains unclear how de novo chromatin assembly is mechanistically linked to genome 
replication and epigenome stability. 

To understand these mechanisms, we need to study this process with higher temporal 
control. Highly controllable degron-systems allow the manipulation of essential proteins on a 
minute-to-hours’ timescale in cells42,43. Combined with single-cell genomics, quantitative 
proteomics and live-imaging technologies, these enable us to monitor immediate changes in 
chromatin organization, DNA replication and cell cycle progression, revealing the early 
mechanisms at the basis of these processes. 

In this study, we find that acute CAF-1 degradation slows down the speed of DNA 
replication forks. This triggers a response that lowers histone mRNA levels and prolongs S-
phase progression, without activation of canonical stress signals. These early events lead to 
changes in the availability of histone H3 variants and alter chromatin accessibility genome-
wide with specific effects on facultative heterochromatin, which becomes transcriptionally de-
repressed. After one S-phase in the absence of CAF-1, chromatin maturation is delayed and 
cells engage a p53 response that causes a cell cycle arrest in a G0 state after cell division. 
Our work uncovers the immediate mechanisms that are wired with de novo chromatin 
assembly during DNA replication and shows that CAF-1 safeguards epigenome stability within 
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a single S-phase. The data suggest that rapid adaptations are required for cells to survive 
defects in this pathway over multiple cell divisions, as in cell fate trajectories. 

 
RESULTS 
Acute depletion of CAF-1 curtails DNA replication speed in single cells 

To investigate the effects of acute depletion of CAF-1, we generated human RPE-1 cell 
lines with a bi-allelic endogenous knock-in of an N-terminal FKBP12F36V tag42 on the largest 
subunit of CAF-1, named CHAF1A/p150 (referred to as degron-CHAF1A). This system 
enables rapid degradation of CHAF1A as early as 10 minutes after addition of the dTAGV-1 
ligand (referred to as dTAG, Figure 1A and Supplemental Figure S1A). Since the CHAF1A 
subunit directly controls interactions with histones, DNA replication proteins and epigenetic 
factors24,30,44–47, our newly generated cell lines enable us to acutely inactivate CAF-1 and its 
key functionalities with high temporal resolution.  

CAF-1 acts during DNA replication and its depletion affects EdU incorporation levels 
(Supplemental Figure S1B) as previously observed21,30,48 , indicating that it can influence DNA 
synthesis. Therefore, we first set out to determine how DNA replication is affected by acute 
depletion of CAF-1. To this end, we applied scEdU-seq on degron-CHAF1A cells to monitor 
location and speed of replication forks genome-wide with single-cell resolution49. The 
experiment is carried out on asynchronous cells with acute depletion of CAF-1 for just 10 
minutes prior to EdU labeling (Figure 1B). The single-cell resolution provides quantitative 
information on DNA replication both temporally along S-phase, as well as spatially on the 
genome, removing bias from averaging effects.  

We find that CAF-1 depletion leads to a persistent decrease in replication speed 
genome-wide during S-phase progression (Figure 1C). This effect is strongest in late S-phase, 
when heterochromatic regions are replicated50 (Figure 1C). Interestingly, there are no global 
alterations in DNA replication timing (i.e. changes in early, mid and late replicating regions) 
upon CAF-1 loss (Figure 1D and Supplemental Figure S1C-D). Moreover, we measure a 
similar number of replication forks per cell (Supplemental Figure S1E-F) and a similar 
percentage of cells displayed robust DNA replication profiles across S-phase (Supplemental 
Figure S1G). Based on these observations, we conclude that acute depletion of CAF-1 slows 
down the speed of replication forks, without halting DNA replication. Interestingly, we also 
observe an increase in the standard deviation of the speed of replication forks within single 
cells (Figure 1E), indicating that fork speed becomes more heterogeneous, with a stronger 
effect in late S-phase cells (Supplemental Figure S1H). To our surprise, the effect of CAF-1 
loss on replication speed is not exacerbated over time, as removal of CAF-1 for longer periods 
(two hours prior to EdU labeling) results in a comparable slowdown (Supplemental Figure S1I) 
with no effects on replication timing (Supplemental Figure S1J). Taken together, these data 
demonstrate that CAF-1 sustains DNA replication speed.  
 
Acute CAF-1 depletion prolongs S-phase without triggering ATM or ATR activation 

Next, we asked how the slowdown of replication forks affected S-phase progression. To 
this end, we monitored cell cycle progression by live-microscopy at a single-cell level using a 
fluorescent fragment of DNA helicase B (DHB) as CDK2 activity sensor48. CDK2 activity builds 
up during interphase and quickly drops at the onset of mitosis, allowing us to monitor the 
duration of these events along the cell cycle in asynchronously cycling cells48. By aligning 
single cells according to the time of dTAG or DMSO addition relative to their last anaphase, 
we evaluated the effect of CAF-1 loss dependent on the different cell cycle phases. Strikingly, 
acute CAF-1 loss in early or late S-phase causes an immediate plateau in CDK2 activity 
(Figure 2A-B and Supplemental Figure S2A-B). Conversely, cells that lose CAF-1 in G1 phase 
do not respond immediately, they ramp up CDK2 activity normally until they enter S-phase 
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(Figure 2C and Supplemental Figure S2C). Moreover, cells where CAF-1 is depleted in G2 do 
not change CDK2 activity until their daughter cells reach the next S-phase (Figure 2D and 
Supplemental Figure S2D). These data demonstrate that CAF-1 depletion is rapidly sensed 
only during S-phase, where it leads to a dampening of CDK2 activity build-up. Importantly, in 
line with DNA replication not stopping, we do not observe an S-phase arrest. The dampening 
of CDK2 activity is sustained until entry into mitosis, which we observe in all cells lacking CAF-
1 (Supplemental Figures S2A-D). Flow cytometry analysis confirmed these observations 
showing that CAF-1-depleted cells spend more time in S-phase after release from CDK4/6 
inhibition, used to synchronize the cells in G151 (Supplemental Figure S2E). Thus, CAF-1 loss 
slows down DNA replication speed, thereby prolonging S-phase. This results in an increase 
in cell cycle duration from 20 to 30 hours in control and dTAG conditions, respectively (Figure 
2A-D).  

To investigate the mechanism of DNA replication slowdown, we tested whether cell 
cycle checkpoints are activated upon acute CAF-1 depletion. Prior studies using long-term 
(i.e., 48-72hr) depletion or mutations of CAF-1 in flies, human or mouse cells implied 
checkpoint activation18,52–54, while others reported no effects on either DNA damage 
checkpoints or cell cycle progression21,48,55. Acute depletion of CAF-1 in our experimental 
setting did not cause an increase in phosphorylation of CHK1 (Ser345), CHK2 (Thr68), H2AX 
(Ser139), CDK1(Tyr15) or RPA (Ser4/8) (Figure 2E-F and Supplemental Figure S2F). 
Moreover, inhibition of the DNA damage kinases ATR or ATM, as well as Wee1 kinase, was 
unable to reverse the reduction of EdU intensity seen upon CAF-1 depletion (Figure 2G). 
These data indicate that acute depletion of CAF-1 does not trigger an ATM or ATR response.  

However, we did observe an accumulation of PCNA on chromatin upon acute CAF-1 
loss, without significant depletion of the available soluble PCNA pool (Figure 2H). Interestingly, 
we also observed increased chromatin levels of the PCNA unloading complex ATAD5 (Figure 
2H), indicating that PCNA accumulation is not due to unavailability of the unloader. Thus, 
PCNA dynamics are rapidly altered upon CAF-1 degradation, similar to what was previously 
observed upon perturbation of other players in chromatin dynamics during DNA 
replication21,56,57. We show PCNA accumulates as early as 2 hours following CAF-1 
degradation, and this also involves ATAD5, suggesting that PCNA may have a direct function 
in the slowdown of replication forks.  

 
Transcriptional response of S-phase cells to CAF-1 depletion 

To understand the immediate cellular response to acute CAF-1 depletion, we sought to 
analyze the transcriptional effects upon defective de novo chromatin assembly in correlation 
to the different cell cycle phases. To this end, we performed single-cell RNA sequencing using 
VASA-seq, which enables sequencing of all RNA, including non-polyadenylated genes (e.g. 
histone genes) throughout the cell cycle58. This allowed us to analyze changes in the 
transcriptional profile of short-term CAF-1 depleted cells (2hr) per cell cycle phase. In addition 
to control treatment with DMSO, we also used long-term CAF-1 depleted cells (30hr), which 
are expected to display a strong and diverse transcriptional response36,44. To analyze the 
VASA-seq data, we used Leiden clustering to uncover cell clusters (Figure 3A and 
Supplemental Figure S3A), followed by a Uniform Manifold Approximation and Projection 
(UMAP) to visualize the cell cycle states per condition (Figure 3B and Supplemental Figure 
S3B-C)58. CAF-1 depleted cells behave distinctly from DMSO-treated and WT cells. 
Particularly, upon short-term CAF-1 depletion (2hr), only S-phase cells are affected, as 
evidenced by their separation from DMSO-treated cells (gray dotted line, compare clusters 3 
and 7) (Figure 3A and 3C and Supplemental Figure S3A). This confirms that CAF-1 loss is 
rapidly sensed in S-phase and alters cell cycle states. Upon longer CAF-1 depletion (30hr), 
more cell cycle phases are affected, with the rising of unique G0/G1 and S/G2 populations 
(see clusters 6 and 9, respectively) (Figure 3A and D and Supplemental Figure S3A-C). These 
analyses support the notion that inactivation of CAF-1 leads to immediate transcriptional 
effects only during S-phase. Conversely, prolonged CAF-1 loss more broadly affects the cell 
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cycle. Thus, CAF-1 is closely wired into S-phase regulatory mechanisms, in line with its role 
in de novo chromatin assembly during DNA replication 25,28,52.  

 
CAF-1 controls the levels of histone mRNA in S-phase 

Since acute CAF-1 depletion specifically affects S-phase cells, we investigated the top 
20 differentially expressed genes in this condition and observed a dramatic downregulation of 
histone mRNAs (Supplemental Figure S3D). Indeed, global expression of all histone genes 
significantly decreased in single S-phase cells (Figures 3E, Supplemental Figure 3E, Table 
S1). We validated this finding by measuring lowered expression of histone H4.2 using RNA 
FISH in S-phase cells (Supplemental Figure S3F). When further analyzing the expression 
levels of all histone genes, we found that this phenotype was dominated by a specific 
downregulation of the mRNA of replicative histones, such as H3.1/2 and H4 (Figure 3F and 
Supplemental Figure S3G), whose expression is mostly restricted to S-phase. In sharp 
contrast, mRNA levels of non-replicative histone variants, such as H3.3, macroH2A, and H2AZ 
did not decrease upon depletion of CAF-1 (Figure 3F and Supplemental Figure S3H). In fact, 
we observed that H3.3 is mildly upregulated in CAF-1 depleted cells. This indicates that CAF-
1 depletion affects the levels of replicative histone mRNAs. These data show that replicative 
histone mRNA levels in S-phase are linked to CAF-1 function, similar to previous observations 
focusing on players of the new histone supply pathway8,21,53,59–61. Interestingly, in those 
studies, 2-day RNAi depletion of CHAF1B did not affect histone mRNAs59. This may indicate 
that CHAF1A and CHAF1B have different functions within S-phase. Another plausible 
explanation may arise from the distinct timing of the experiments and the single-cell resolution 
of our approach. As CHAF1A is the functionally defining subunit of the CAF-1 complex 24,30,44–

47, our findings argue that CHAF1B depletion may not fully recapitulate CAF-1 loss.  
 

CAF-1 loss leads to histone imbalance and delays chromatin maturation within a single 
S-phase 

To directly measure how the changes in histone mRNAs upon CAF-1 loss affect histone 
composition and histone PTMs in chromatin, we used a SILAC-based quantitative mass 
spectrometry approach, which measures newly synthesized (i.e. new) and parental (i.e. old) 
H3 and H4 variants and their PTMs (Figure 4A and Supplemental Figure S4A-B)62. We 
quantified the relative abundance of histone H3 and H4, in addition to the replicative H3.1/2 
and non-replicative H3.3 histone variants after a single S-phase without CAF-1 (Figure 4B). 
In line with a reduction in histone mRNAs, we found that in the absence of CAF-1, there is a 
decrease in newly synthesized histone H3.1 (Figure 4B). Conversely, we find an increase in 
newly synthesized H3.3 protein (Figure 4B), as assessed by quantifying H3.3-specific 
peptides. The increase in H3.3 protein was confirmed by western blot (Figure 4C). As 98% of 
cellular histones are incorporated into chromatin63, our data suggests that chromatin is 
enriched in H3.3 upon CAF-1 loss, which likely compensates for the decrease in canonical 
H3.1/2 histones. This is in line with previous observations that RNAi-depletion of CAF-1 
increases global H3.3 incorporation64,65. Notably, we show that this is a rapid cellular response, 
as it occurs as early as the first S-phase without CAF-1.  

Furthermore, we analyzed histone PTMs on the unique peptide that distinguishes the 
tail of H3.1/2 or H3.3. This peptide encompasses residues K27 and K36, which are established 
targets of epigenetic marks66, where H3K27 is methylated in transcriptionally silenced regions 
and H3K36 in active domains. We found significant changes in the relative abundance of 
H3K27 and H3K36 methylation status in old and new H3.1/2 and H3.3 (Figure 4D and 
Supplemental Figure S4C). However, the most profound effect was seen on newly 
synthesized H3.3 peptides. In control DMSO conditions, new H3.3 shows a higher percentage 
of H3K36 methylation compared to H3K27 methylation, likely given by its rapid incorporation 
in transcriptionally active regions during S-phase. In the absence of CAF-1, new H3.3 peptides 
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reversed this distribution displaying higher percentage of H3K27 methylation (Figure 4D). 
Interestingly, this dTAG-dependent distribution of H3K27 and H3K36 methylation on H3.3 
closely resembles the distribution of these marks on H3.1/2 (Figure 4D). Thus, upon CAF-1 
depletion newly synthesized H3.3 mimics the H3.1/2 distribution of H3K27 and H3K36 
methylation status, implying that in cells lacking CAF-1, newly synthesized H3.3 is 
incorporated in genomic regions where, in unperturbed conditions, H3.1/2 resides.  

Next, we analyzed global changes in other histone H3 and H4 PTMs. Several histone 
PTMs are significantly affected by CAF-1 depletion, most notably H3K4me1, H3K18ac, 
acetylation of the H4 N-terminal tail (aa 4-17) and the heterochromatic mark H3K9me3 (Figure 
4E and Supplemental Figure S4D-E, Table S2). However, the most pronounced effects were 
observed for the methylation status of H4K20 (Figure 4E-F). H4K20 methylation functions as 
a timer for histone age, from their synthesis in early S-phase (H4K20me0) to their maturation 
on chromatin later starting from late G2 (H4K20me1/2)12,67–70. We found a relative increase in 
H4K20me0 and a corresponding relative decrease in H4K20me2, both on new and old 
histones (Figure 4F). This suggests that chromatin is “younger” (i.e. less mature) after a single 
S-phase in the absence of CAF-1. Interestingly, its effect involves not only the pool of newly 
synthesized histones, but also the parental (i.e. old) histones in chromatin, indicating that de 
novo chromatin assembly during S-phase has the potential to alter epigenetic states within a 
single S-phase.  

Together, these data show that within a single S-phase CAF-1 loss alters histone protein 
levels with consequences for global chromatin composition at the end of S-phase. 
 
CAF-1 assembles nascent chromatin genome-wide 

To understand the mechanisms that lead to these global changes in chromatin 
composition, we set out to monitor how chromatin organization along the genome is affected 
by CAF-1 depletion during S-phase. To this end, we applied repli-ATAC-seq, which combines 
Tn5-mediated tagmentation of accessible DNA with EdU incorporation to measure chromatin 
accessibility specifically at replicated regions71. In combination with acute CAF-1 depletion, 
this approach allows us to directly measure the role of CAF-1 in assembling replicated 
chromatin throughout the genome with high temporal resolution. Using this technique, we 
analyzed 1) nascent chromatin to observe CAF-1-dependent effects during DNA replication, 
2) mature chromatin to measure the effects of prolonged CAF-1 loss during and after DNA 
replication and 3) post-replication chromatin to observe the role of CAF-1 after DNA replication 
(Figure 5A and Supplemental Figure S5A). All samples were mixed with EdU-labeled S2 
Drosophila cells as spike-in to allow normalization and comparison of accessibility changes 
between conditions. These spike-in were also used to exclude that the lower EdU 
incorporation rates upon CAF-1 depletion (Supplemental Figure S1B) affected the repli-ATAC-
seq analyses (Supplemental Figure S5B).  

In nascent chromatin, CAF-1 depletion leads to an increase in sub-nucleosomal 
fragments and to a decrease in mono- and di-nucleosomal fragments (Figure 5B-C). This 
strongly suggests a loss of nucleosomes on nascent DNA. In contrast, in mature or post-
replication chromatin, CAF-1 depletion has milder effects, mainly leading to an increase in 
linker length between nucleosomes (i.e. mono- and di-nucleosomal peaks shift to higher sizes) 
(Figure 5B-C). These data show that CAF-1 significantly alters chromatin on nascent DNA, as 
expected24,48. 

To quantify genome-wide effects of CAF-1 on chromatin accessibility, we monitored the 
fold-change of the repli-ATAC signal in dTAG over DMSO samples (log2(dTAG/DMSO)) per 
15Kb-bin and plotted its distribution. In nascent chromatin, 99% of the genome displays a 
positive fold-change enrichment (Figure 5D-E and Supplemental Figure S5C), demonstrating 
that acute CAF-1 depletion results in a dramatic gain of accessibility on newly replicated DNA 
throughout the genome. This effect decreases over time after DNA replication, with an 
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intermediate increase in accessibility after 2 hours of chromatin maturation (Mature 2hr, Figure 
5E), and a near-complete recovery of accessibility after 15 hours of chromatin maturation 
(Mature 15hr, Figure 5E and Supplemental Figure S5C). These data indicate that during 
chromatin maturation, CAF-1 independent backup mechanisms facilitate nucleosome 
assembly, as previously proposed64. Post-replication removal of CAF-1 results in a limited 
increase in genome-wide chromatin accessibility (Figure 5D-E), confirming that the main role 
of CAF-1 is during DNA replication. Moreover, we performed ATAC-seq after a 2-hour 
depletion of CAF-1 to assess the chromatin accessibility changes at steady-state level and 
detected no global alterations (Figure 5D-E). Similar results were obtained when analyzing 
the parental non-replicated regions from repli-ATAC-seq samples, which also showed no 
global alteration in chromatin accessibility (Supplemental Figure S5C-D). These data 
demonstrate that CAF-1 controls chromatin assembly during DNA replication at a genome-
wide scale, with no major roles in nucleosome assembly outside of DNA replication.  

 
CAF-1 controls transcriptional fidelity in S-phase 

Next, we investigated if the opening of nascent chromatin upon acute CAF-1 loss alters 
nascent transcription. To this end, we analyzed the ratio of unspliced over spliced RNA in our 
scRNA-seq data after short-term CAF-1 depletion. We found an increase in nascent 
transcription specifically in S-phase cells (Figure 5F). Thus, defective de novo chromatin 
assembly during DNA replication leads to loss of transcriptional fidelity during S-phase, 
suggesting that proper chromatin assembly affects the transcriptional state of genes behind 
replication forks. To see if this was due to changes in the accessibility of annotated promoters, 
genic and intergenic (e.g., enhancers) regions, we analyzed our repli-ATAC-seq datasets and 
found that accessibility of these regions is altered in nascent chromatin, in line with the global 
accessibility changes observed earlier (Supplemental Figure S5E). This supports the notion 
that the opening of nascent chromatin observed upon CAF-1 depletion promotes a loss of 
transcriptional fidelity, as also seen recently in Saccharomyces cerevisiae CAF-1 knock-out 
strains72. 

Taken together, CAF-1 acts globally to assemble chromatin during DNA replication 
across the entire genome. Via this function, CAF-1 safeguards transcriptional fidelity of the 
replicated genome. These data indicate that back-up nucleosome assembly pathways may 
promote chromatin compaction, but that they are not sufficient to restore functional chromatin 
organization. This is also supported by the global changes we observe in histone variants and 
PTMs after a single S-phase without CAF-1 (Figure 4). 

 
Acute CAF-1 loss differentially affects constitutive and facultative heterochromatin  

Previous CAF-1 RNAi or knockout studies have shown loss of heterochromatin stability 
after multi-day treatments33,44,48,73–76. In our proteomic data, CAF-1 loss has a significant effect 
on the constitutive heterochromatin H3K9me3 modification, where this mark increases in old 
histones and decreases in new ones upon CAF-1 depletion (Figure 4E and Supplemental 
Figure S4E). Moreover, the facultative Polycomb-associated H3K27me3 mark significantly 
increases on all histones with strongest effects on the new H3.3 variant (Figure 4D and 
Supplemental Figure S4C-D). To understand how CAF-1 contributes to these changes and 
the reported phenotypes, we monitored chromatin accessibility within these regions in our 
different repli-ATAC-seq datasets. In nascent chromatin, both heterochromatic regions 
showed a significant increase in accessibility compared to the rest of the genome during DNA 
replication (Figure 6A-B and Supplemental Figure S6A). However, the CAF-1 dependent 
opening of H3K9me3-marked regions is more dramatic than in H3K27me3 domains (Figure 
6A-B and Supplemental Figure S6A, nascent samples). These data indicate that the initial 
compaction of both heterochromatic regions is particularly susceptible to CAF-1 loss during 
DNA replication.  
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After DNA replication, constitutive H3K9me3 heterochromatin starts to compact during 
chromatin maturation (2hr), independently of CAF-1. This compaction stabilizes at longer 
chromatin maturation times (15hr), reaching the accessibility levels observed in the ATAC-seq 
sample (Figure 6A-C and Supplemental Figure S6A-C). These observations indicate that, 
while H3K9me3 heterochromatin opens up more dramatically during DNA replication without 
CAF-1, other mechanisms rapidly compensate for CAF-1 loss after DNA replication to promote 
its compaction. This compaction appears exacerbated by the absence of CAF-1, also at 
steady-state conditions (Figure 6D). In contrast, the less drastic chromatin accessibility 
defects in H3K27me3 domains observed in nascent chromatin persist during chromatin 
maturation (Figure 6E). Thus, CAF-1-independent chromatin maturation mechanisms are 
unable to rescue chromatin compaction defects at H3K27me3 domains, at least up to 15 hours 
after DNA replication. Strikingly, the opening of these regions is not observed outside of DNA 
replication, such as at steady-state conditions (i.e. ATAC-seq after 2hr dTAG treatment) or in 
the post-replication or unbound samples (Figure 6E). These controls indicate that the defects 
in compaction of H3K27me3 regions are strictly dependent on CAF-1 function during DNA 
replication.  

Taken together, H3K9me3 and H3K27me3-marked heterochromatin are highly 
susceptible to CAF-1 loss during DNA replication, displaying increased chromatin accessibility 
defects on nascent DNA. Interestingly, compaction of H3K9me3 chromatin can be recovered 
post-replication by CAF-1-independent mechanisms, while H3K27me3 regions persist in a 
hyper-accessible state for over 15 hours after DNA replication. Moreover, CAF-1 loss may 
increase constitutive heterochromatin compaction at steady-state level, raising the possibility 
of local CAF-1 activities in these regions beyond DNA replication. 
 
Sustained CAF-1 depletion results in loss of transcriptional fidelity in facultative 
heterochromatin 

To understand the functional consequences of these changes in chromatin accessibility, 
we monitored the distribution of the heterochromatic histone PTMs along the genome after 
CAF-1 loss. Neither H3K27me3 nor H3K9me3 displays significant changes after long-term 
(15 or 30hr) CAF-1 depletion, as seen in ChIC-seq77 (Supplemental Figure S6D-E). Thus, 
domain-level distributions of these histone marks do not change within a single S-phase. 
However, when we analyzed whether these regions are transcriptionally de-regulated in our 
scRNA-seq data, we found that transcripts originating from H3K27me3 regions are slightly, 
but significantly, increased after 30hr of CAF-1 depletion (Figure 6F and Table S1). This effect 
is specific to H3K27me3 domains, as a randomized geneset or transcripts from H3K9me3 
regions do not show such an increase in transcript levels (Figure 6F and Table S1). These 
data show that sustained accessibility of H3K27me3 domains after DNA replication without 
CAF-1 can alter their transcriptional state, while CAF-1-indepedenent mechanisms safeguard 
the integrity of H3K9me3 regions, at least within the first 30 hours. Moreover, our data suggest 
that the loss of transcriptional fidelity may result from changes beyond histone PTM 
distribution at a domain-wide level. In fact, our mass-spectrometry experiments showed that 
newly synthesized H3.3 acquires H3K27me1-3 modifications upon CAF-1 loss (Figure 4D), 
suggesting the deposition of this histone variant within these domains. Thus, histone H3.3 
variants incorporation could in part explain the functional changes in H3K27me3 regions. 

Taken together, our data show that by assembling chromatin during DNA replication, 
CAF-1 safeguards chromatin compaction at replication forks. Within a few hours after DNA 
replication, heterochromatic regions become hyper-accessible upon CAF-1 loss. After DNA 
replication, constitutive and facultative heterochromatin differentially recover from this opening 
effect, likely due to locally acting CAF-1-independent chromatin maturation mechanisms12–14. 
The changes in histone repertoire that we uncovered with our proteomic analysis likely further 
modulate these mechanisms, potentially fostering a plastic epigenome.   
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Defective de novo chromatin assembly in S-phase activates p53 and leads to a G0 
arrest in daughter cells 

CAF-1 has pleiotropic effects in S-phase cells within a few hours. Therefore, we asked 
how these effects impinge on cell proliferation. To do so, we used our time-lapse imaging data 
of the CDK2 activity sensor (Figure 2A-D) and quantified the number of cells committed to cell 
cycle re-entry after CAF-1 depletion. We noticed that acute CAF-1 depletion reduced the 
number of cells committed to enter a new cell cycle after mitosis (Figure 7A-B). This effect 
was stronger for cells that lost CAF-1 earlier in the cell cycle (i.e. G1 and early S-phase) 
compared to cells losing CAF-1 in late S or G2 phase (Figure 7B). Moreover, the vast majority 
of cells treated in late S or G2-phase underwent two mitoses before withdrawing from the cell 
cycle (i.e., G0 arrest) (Figure 7C). Thus, the time spent without CAF-1 in the cell cycle 
inversely correlates to the commitment of daughter cells to enter a new cell cycle. This 
suggests that cells need to undergo a full S-phase with defective de novo chromatin assembly 
before entering a G0 arrest. Flow cytometry measurements further validated a G0 arrest after 
long-term CAF-1 depletion (Supplemental Figure S7A). In addition, our single-cell 
transcriptomic data after 30hr CAF-1 depletion showed an increase in a G0 transcriptional 
state78 (Figure 7D, Supplemental Figure S7C and Table S1). Taken together, our results show 
that loss of CAF-1 precludes re-entry into a new cell cycle after experiencing a perturbed S-
phase.  

Interestingly, by analyzing our scRNA-seq data after 2hr of CAF-1 depletion, we find a 
transcriptional signature linked to a p53-dependent stress response in non-transformed cells, 
caused by low histone levels79 (Figure 7E and Table S1). Therefore, p53-dependent 
mechanisms could be involved in the G0 arrest. To test this hypothesis, we determined p21 
proteins levels after 30hr of CAF-1 depletion. We observed that p21 was stabilized (Figure 
7F), while phosphorylation of the DNA damage checkpoint kinase CHK1 remained undetected 
(Supplemental Figure S7B). These findings indicate that the p53-p21 axis is engaged rapidly 
during defective de novo chromatin assembly, without detectable activation of the DNA 
damage response. To functionally address the role of p53, we generated a TP53 knockout 
(p53-KO) RPE-1 degron-CHAF1A line using CRISPR genome editing. Using this line, we 
confirmed that p21 stabilization upon CAF-1 degradation is dependent on p53 (Figure 7G), as 
is entry into senescence upon longer depletions (Figure 7H). These results indicate that p53 
controls the cell cycle arrest upon CAF-1 loss. Importantly, CAF-1 depleted p53-KO cells still 
show PCNA accumulation on chromatin (Figure 7I) and lower EdU incorporation levels (Figure 
7J), which suggests that p53 does not control these CAF-1-dependent DNA replication 
phenotypes (Figure 1). Moreover, the absence of p53 only partially rescues proliferation 
defects observed following CAF-1 depletion (Figure 7K). We conclude that p53 plays a role in 
the early response to defective de novo chromatin assembly during S-phase, but additional 
mechanisms are likely participating in this response. It is tempting to speculate that the 
slowdown of DNA replication and the changes in PCNA dynamics are components of these 
mechanisms.  

 
DISCUSSION 

Our work reveals the rapid multi-level response to defective de novo chromatin 
assembly during DNA replication in human cells with unprecedented temporal resolution. 
CAF-1 loss not only alters nascent chromatin assembly, but also immediately slows down 
DNA replication speed, without affecting replication timing nor triggering a canonical DNA 
damage checkpoint. In turn, S-phase duration is prolonged and the replicative histones supply 
is downregulated. In these conditions, due to perturbations in histone repertoire and defective 
chromatin assembly mechanisms, chromatin composition changes globally. The H3.3 variant 
levels increase. Chromatin maturation is delayed, with parental histones having a reduced 
relative abundance of H4K20me2 within a single S-phase, and transcriptional fidelity being 
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compromised. Ultimately, these multi-level events lead to a G0 arrest that partially depends 
on p53. Our study uncovers mechanisms that control epigenome stability in the wake of DNA 
replication forks.  
 
Chromatin controls DNA replication speed independently of cell cycle signaling 

Our work shows that CAF-1 controls DNA replication speed at a genome-wide level. 
This is already apparent within the shortest experimentally possible time of CAF-1 depletion, 
i.e. 10 minutes before EdU labeling. Thus, we propose a direct link between de novo chromatin 
assembly on nascent DNA and the speed of replication forks, as previously suggested21. In 
line with this work, PCNA plays a role in this mechanism, accumulating on chromatin together 
with its unloader ATAD5. Interestingly, depletion of ATAD5 phenocopies the acute loss of 
CAF-1, also leading to slower replication speed and an S-phase delay56,80. Thus, PCNA levels 
on chromatin control replisome progression, with CAF-1 regulating these levels. As we find 
plenty of PCNA in the soluble pool, we conclude that small changes in PCNA levels on 
chromatin can cause or be a consequence of impaired DNA replication. Since PCNA 
accumulates also upon perturbation of other components of the de novo histone deposition 
pathway 21, we favor a model where nucleosome assembly is the signal for PCNA 
unloading21,80. However, other possible mechanisms may involve the direct interaction 
between CAF-1 and PCNA28,29,32, and the binding competition to PCNA with DNA 
polymerases30. A complete understanding of these mechanisms will require further 
investigation. 

In addition to PCNA-dependent effects, chromatin itself may hold nascent DNA strands 
in a conformation that favors optimal replisome progression. To support this hypothesis, we 
find a positive correlation between the severity of nascent chromatin opening and DNA 
replication slowdown in heterochromatic regions. The formal demonstration of the nature of 
this correlation will require development of novel technologies to understand nascent 
chromatin topology and organization during DNA replication81,82, and the understanding of the 
molecular mechanisms that link chromatin assembly to DNA replication. In any case, our data 
show that the state of newly replicated DNA has a direct influence on replisome progression 
genome-wide. This requires a re-thinking of the role of replicated DNA strands in controlling 
the progression of replication forks and their interplay with the replisome and the parental 
genome, also in the absence of DNA damage.  
 
Epigenome instability upon CAF-1 loss: different effects in constitutive and facultative 
heterochromatin 

CAF-1 is well known for its chromatin assembly function22,25,52. We show that acute CAF-
1 depletion affects the global composition and accessibility of chromatin within a single S-
phase. While domain-scale heterochromatic PTMs distribution is not affected, we observe 
alterations in histone variant usage, chromatin compaction, its maturation and transcriptional 
fidelity within hours after CAF-1 loss. These phenotypes likely cause the epigenetic instability 
and plasticity that has been observed upon long-term CAF-1 depletion20,33,36,37,55,76. Both 
constitutive H3K9me3 and facultative H3K27me3 heterochromatin become hyper-accessible 
during DNA replication without CAF-1. Yet, these two regions differentially recover after DNA 
replication from this excessive opening, suggesting that local mechanisms have an impact on 
the consequences of defective de novo chromatin assembly during DNA replication. 

We show that facultative heterochromatic H3K27me3 domains are particularly 
susceptible to CAF-1 loss, as they remain more open than the rest of the genome for several 
hours after DNA replication. Moreover, we find a small but significant increase in transcription 
of genes within these regions, suggesting a functional link between these domains and CAF-
1 loss during their replication. A link had also been previously reported during in vitro cell 
differentiation33 and development in plants76. We show this likely requires replication through 
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these domains. In Drosophila, Polycomb domains are sensitive to histone levels83, indicating 
a potential fragility of these regions when histones are limiting, similar to our conditions. 
Mechanistically, our data point to an increase of H3.3 within these domains after a single S-
phase without CAF-1. In line with this, it was recently shown that the replication-dependent 
activity of CAF-1 acts as a mechanism to limit spurious non-canonical H3.3 deposition on 
chromatin in mouse oocytes and zygotes65. Whether H3.3 directly affects Polycomb domains 
by preventing local chromatin organization and modifications84–87, or whether H3.3 
accumulation is only one aspect of a global histone imbalance, which ultimately disrupts the 
stability of these and other domains, remains to be investigated.  

Regarding constitutive heterochromatin, it is well-established that CAF-1 binds the 
H3K9me3 reader protein HP1a48,73–75, which raised hypotheses that CAF-1 may control 
stability of H3K9me3 domains outside of DNA replication. In our work, H3K9me3 regions 
display the most severe opening during DNA replication without CAF-1. We show that these 
regions do not open up outside of DNA replication, implicating a role for CAF-1 in controlling 
accessibility of these regions during DNA replication. However, H3K9me3 domains efficiently 
recompact after DNA replication in a CAF-1-independent manner, and we find that they are 
also more compacted at steady-state levels without CAF-1. This suggests that CAF-1 loss 
may affect H3K9me3 heterochromatin outside the context of DNA replication. The nature of 
this replication-independent effect of CAF-1 remains unclear, with possible local contributions 
to the slowdown of replication forks in late S-phase. It will be important to shed light on these 
mechanisms, and the possible involvement of the de novo deposition of H3.3K9me388,89. 
Indeed, we did not observe significant changes upon CAF-1 loss in H3K9me3 marks at the 
domain-level using ChiC-seq. We expect that higher resolution mapping of histone PTMs and 
their replication-coupled dynamics90–93 will be important approaches to further disentangle the 
mechanistic link between CAF-1 and heterochromatin stability. 
 
Towards understanding the link between CAF-1 and cell fate decisions 

Our data show that the vast majority of cells that have experienced a full S-phase without 
CAF-1 do not continue cycling after mitosis. This underlines the essentiality of this 
complex52,94, raising important questions on the mechanisms at the core of cell fate changes 
upon long-term CAF-1 depletion33,36,37,55,95,96. Cells need to escape the cell cycle arrest to 
support those changes. This will require rapid adaptations. The loss of epigenome stability 
that we observe already within a single S-phase likely promotes the plasticity required to 
acquire these adaptations and to evade cell cycle arrest, with the contribution of environmental 
cues20. Understanding the nature of the adaptations that allow bypass of the cell cycle arrest 
is of great interest. These will reveal both the mechanisms that underpin CAF-1-mediated cell 
cycle control and the ones that foster cell fate change.  
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STAR METHODS  
Resource availability 
Lead contact: Further information and requests for resources and reagents should be directed 
to and will be fulfilled by the lead contact Francesca Mattiroli (f.mattiroli@hubrecht.eu). 
Experimental model and subject details 
Human TERT-RPE-1 cells (female) were cultured in Dulbecco’s Modified Eagle’s 
Medium/Nutrient Mixture F-12, GlutaMAX™ supplement (DMEM, Gibco) containing 10% Fetal 
Bovine Serum (FBS, Sigma Aldrich) and 100 U/mL penicillin/streptomycin (Gibco) at 37°C in 
5% C02. Cells were passaged twice a week using TrypLE Express (Gibco) and tested 
regularly for the absence of mycoplasma.  
Method details 
Genome editing  
FKBP12F36V-CHAF1A expressing cells were generated by nucleofection of WT hTERT-RPE-
1 cells with a CRISPR knock-in donor vector as well as a Cas9 guideRNA vector. 3x10^5 cells 
were resuspended in 100 uL ice cold nucleofection buffer (20 mM HEPES pH 7.5, 5 mM KCl, 
10 mM MgCl2, 90 mM Na2HPO4) and 5 ug of both CRISPR-Cas9 vectors. Nucleofection was 
performed using Electroporation Cuvettes Plus (BTX) and the Amaxa Nucleofector II (Lonza). 
One nucleofection with only the Cas9 guideRNA vector served as a negative control. Cells 
were seeded into DMEM and left to recover for 48hr. Then, cells were selected for two weeks 
with 8 ug/mL blasticidin (Invivogen) before sorted as single cells into 96-well plates (BD 
FACSAria Fusion). For genotyping, cells of individual clones were washed with PBS0 twice 
before being lysed with 2-fold diluted DirectPCR Lysis Reagent (Viagen Biotech) 
supplemented with 20 ug/uL Proteinase K (NEB). The lysates were incubated for 16hr at 55°C 
followed by 1.5hr at 85°C. The resulting gDNA was genotyped using GoTaq G2 Flexi DNA 
Polymerase kit (Promega) and indicated primers. 
For this manuscript, we used two different clonal cell lines (clone 6 and clone 8) expressing 
two slightly different versions of the degron-tag (Supplemental Figure S1A). 
Cells stably expressing fluorescent proteins for live-microscopy experiments were generated 
by lentiviral transduction. For virus generation, HEK293T cells were transfected with CSII-EF 
DHB-mVenus and CSII-EF H2B-mTurquoise along with the packaging and envelope plasmids 
(pMDLg, pRSV-Rev, pCMV-VSV-G) using Fugene-HD (Promega E2311). Lentivirus was 
harvested 48hr after transfection, filtered through a 0.45 mm filter (Millipore), and incubated 
with target cells for 10hr with 5 mg/mL polybrene (EMD Millipore #TR-1003). Cells with stable 
integration were sorted on an Aria Fusion Flow Cytometer to establish a population expressing 
the fluorescent proteins. 
Cell synchronization 
To induce a G1 phase arrest, cells were cultured in DMEM medium containing 2.5% FBS and 
150 nM palbociclib (Selleck Chemicals) for 24hr. For the synchronous release into S-phase, 
cells were washed twice with PBS0 before cultured in DMEM containing 15% FBS. To induce 
G2/M phase arrest, cells were treated with 300 nM nocodazole (Sigma-Aldrich) for 16 hours. 
Drug treatments 
Cells were treated with 500 nM or 1 uM dTAGV-1 (Bio-Techne) for indicated periods to induce 
degradation of FKBP12F36V-CHAF1A fusion protein. 
Western Blotting 
Whole cell extracts 

Cells were harvested using TrypLE, washed once with PBS0 and pellets were lysed in RIPA 
buffer (25 mM Tris, 150 mM NaCl, 1% IGEPAL CA-630, 1% NaDOC, 0.1% SDS, 1x protease 
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inhibitor and 0.5 mM DTT). The lysates were incubated on ice for 20 minutes before 
centrifuged at 17,000 x g for 15 minutes at 4°C. Supernatant was taken as sample for whole 
cell extracts. Note, when blotting for phospho-proteins, RIPA was further supplemented with 
1x PhosSTOP (#4906845001 Sigma-Aldrich). 
Separation of soluble and chromatin fractions 

Cells were harvested using TrypLE, washed once with PBS0 and pellets were lysed in 
fractionation buffer (50 mM HEPES pH 7.9, 300 mM NaCl, 0.2 mM EDTA, 0.5% IGEPAL CA-
630, 5% glycerol, 1x protease inhibitor). Lysates were centrifuged at 2800 x g for 3 minutes at 
4°C and the supernatant was used as soluble fraction. The remaining chromatin pellet was 
washed once in fractionation buffer before being resuspended in fractionation buffer + 1 mM 
MgCl2 + 37.5 Units benzonase-nuclease (Merck). The chromatin pellets were incubated at 
37°C for 1 hr shaking at 1000 rpm and resuspended frequently. Finally, the insoluble material 
was spun down at 17,000 x g for 3 minutes at 4°C and the supernatant was used as chromatin 
fraction. 
Acidic extraction of histones 

Cells were harvested using TrypLE, washed once with PBS0 and pellets were incubated in 
hypotonic buffer (10 mM HEPES pH 7.4, 10 mM KCl, 0.05% IGEPAL CA-630, 1x protease 
inhibitor) on ice for 10 minutes. Next, samples were spun down at 2000 x g for 5 minutes at 
4°C, supernatant was removed and the pellet was washed once with hypotonic buffer. The 
remaining pellet was incubated in 0.2 M HCl for 45 minutes before being centrifuged at 17,000 
x g for 15 minutes at 4°C. The supernatant was used as acidic extracted fraction after being 
neutralized in neutralization buffer (0.4 M TRIS HCL pH 8, 200 mM NaCl, 10 mM MgCl2, 1x 
protease inhibitor). 
Gel electrophoresis and incubation with antibodies 

Cell extracts were run on 4-12% Bolt™ Bis-Tris Plus Mini Protein Gels (ThermoScientific) and 
separated proteins were transferred to a 0.2 µm nitrocellulose membrane (BioRad). After 
blocking in 5% skimmed milk in PBS, membranes were incubated with primary antibodies in 
PBS and 1% skimmed milk on a roller overnight at 4°C using the concentrations indicated in 
the key resource table. For blotting of phospho-proteins, membranes were blocked in 2% BSA 
(Sigma-Aldrich) and primary antibodies were diluted in PBS and 1% BSA. After incubation 
with primary antibodies, membranes were washed 3x with PBST and incubated with HRP-
conjugated secondary antibody (1:10,000) for 1 hour on a roller at room temperature. Next, 
membranes were washed 3x with PBST before signal detection using SuperSignal™ West 
Pico PLUS Chemiluminescent Substrate (ThermoScientific) on the Amersham ImageQuant 
800 biomolecular imager. 
Flow cytometry 
Cells were labeled with EdU (10uM) for 30 minutes. Subsequently, cells were trypsinized, 
washed with PBS0 and fixed with 4% paraformaldehyde + 0.1% Triton-X at room temperature 
(RT) for 15 minutes. Next, cells were washed 2x with FACS buffer (PBS0 + 1% FBS + 0.5 mM 
EDTA) before being incubated in Click-IT reaction Master Mix (40mM TRIS pH 8, 4mM 
CuSO4*5H2O, 10mM ascorbic acid, 60 uM AF647-Azide) at RT in the dark for 45 minutes. 
Cells were washed with FACS buffer + 0.1% Triton-X and incubated with primary antibody at 
RT in the dark for 60 minutes (1/200 for anti-yH2AX, anti-pCHK1 and anti-p21). Samples were 
washed with FACS buffer and incubated with secondary antibody (1:500 goat-anti-rabbit AF 
555) + 1ug/mL DAPI at 4°C O/N rotating. Finally, samples were washed 1x with FACS buffer 
+ 0.1% Triton-X and 2x with FACS buffer. Samples were analyzed on BD LSR Fortessa X20 
and results were analyzed using FlowJo™ v10.6.1 Software (BD Life Sciences). 
 
Repli-ATAC-seq and ATAC-seq 
Sample preparation 
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RPE1 cells were treated for 2 hours with 1 µM of dTAG-v1 molecule (Bio-Techne). For nascent 
samples, the cells were then pulsed for 20 minutes with 20 µM thymidine analog 5-ethynyl-2′-
deoxyuridine (EdU, Abcam) followed by immediate harvest to assess nascent chromatin 
accessibility. 10x10^5 RPE1 cells per condition were counted and pooled together with 500 
S2 D.melanogaster cells to be used for spike-in normalization. The samples were then either 
de-chromatinized to check for EdU incorporation (controls in Supplemental Figure S5B), or 
processed according to the repli-ATAC-seq protocol97. Post-replication samples were directly 
pulsed 20 minutes with 20 µM EdU after which 1 µM of dTAG-v1 molecule and 10 µM 
thymidine were both added for 2 hours (chase) followed by cells harvesting. Mature 2hr and 
15hr samples were prepared by treating RPE1 for 2 hours with 1 µM of dTAG-v1 molecule, 
pulse for 20 minutes with 20 µM of EdU and then subjected to a 2- or 15-hours chase with 10 
µM thymidine prior harvesting. For the de-chromatinized control samples, after cell harvesting 
and spike-in addition, were resuspended in 15mM Tris HCl pH 7.5 buffer complemented with 
1mM EDTA and 0.5% SDS.  These input samples originate from the same tube as the repli-
ATAC-seq samples to ensure proper comparison. ProteinaseK (NEB) was added to the cell 
suspension to a final concentration of 75µg/ml followed by O.N. incubation on the shaking 
heat block at 55 C° 1000 rpm. The digested DNA was precipitated with 0.7 volumes of 
isopropanol and subjected to Tn5 (homemade) digestion after which repli-ATAC-seq samples 
preparation protocol was followed. To prepare classic ATAC-samples, degron-CHAF1A cells 
were treated with DMSO or 1 uM dTAG for 2 hrs, then 100.000 cells were mixed with 500 
EdU-unlabelled Drosophila cells. Cell pellet was lysed in 50 µl of ATAC-resuspension buffer 
1(ATAC-RSB1 10mM Tris-HCl pH 7.4, 10mM NaCl, 3mM MgCl2, Digitoxin 0.01%, Tween-20 
0.1%, IGEPAL CA-630 0.1%) on ice for 3 minutes and wash out with 1 ml of ATAC-RSB2 
(10mM Tris-HCl pH 7.4, 10mM NaCl, 3mM MgCl2,Tween-20 0.1%). Nuclei were subjected to 
Tn5 digestion (TDE1 Illumina kit) for 30 minutes at 37C° in a thermocycler shaking at 1200 
rpm. DNA was cleaned up using MinElute Reaction Cleanup kit (Qiagen). Library generation 
was performed as for repli-ATAC-seq samples, a part from second size selection step where 
we used a 1.6:1 final ratio of AMPure beads (Beckman Coulter). 
 
Data Analysis 
Repli-ATAC libraries were sequenced 50 bp pair end modality on Illumina NextSeq2000. Raw, 
paired-end .fastq files from repli-ATAC and ATAC protocols were mapped to the human 
genome (GRCh38, Gencode) and the Drosophila genome (dm6, flybase), using the DNA-
mapping workflow from snakePipes98, with the following command: 
DNA-mapping --fastqc --trim --trimmer trimgalore --dedup --mapq 30 --properPairs --
insertSizeMax 2000 --alignerOpts ‘ --very-sensitive’ -i <fastq_dir> -o <output_dir> -j 30 
<genome> 
The workflow applies paired-end trimming using trim-galore (v0.6.5) with options `--paired --
stringency 3`, maps the reads using bowtie2 (v2.3)99 with options `--very-sensitive` , filters 
reads with mapq > 30 and insert size < 2000 using samtools (v1.10)100 and removes PCR 
duplicates using sambamba (v0.7.1)101. Further QC and creation of bigwig files was done 
using deepTools (v3.1)102. 
In order to create spike-in normalized coverage files, we counted the total, de-duplicated reads 
mapped to the human and drosophila genomes per sample and calculated the size factor (S) 
per sample as follows. 

 
Where  is the counts for spike-in (drosophila) reads per sample, and refers to the number of 
samples in the same spike-in batch. We used this scale factor to create bigwigs using 
deepTools bamCoverage and bamCompare, with options `--binSize 15000 --normalizeUsing 
None --scaleFactor <scalefactor>`. 
Customed R scripts were used to further analyzed Bam and Bigwig files as well as to analyze 
all the repli-ATAC and ATAC data. We used our ChIC-seq (DMSO control G1 sample) data 
as a reference to create a merged dataset with information about accessibility and genomic 
location about H3K9me3 and H3K27me3 heterochromatin region. This new dataset was also 
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overlapped with the VASA-seq data to analyze changes in gene expression in the regions of 
interest. See Table S1. 
scEdU-seq  
scEdU-seq was performed as previously described by van den Berg et al.,49. Briefly, RPE-1 
cells were labeled with two 15 min pulses of EdU (10uM) interspersed by 60 minutes washout 
with full medium. Subsequently, RPE-1 cells were trypsinized and fixed in 70% Ethanol for 24 
hours at -20C. Samples were resuspended and washed in Wash Buffer (47.5mL H2O RNAse 
free, 1ml 1M HEPES pH 7.5, 1.5ml 5M NaCl, 3.6ul pure spermidine solution with extra 0.05% 
Tween, 4 ul/ml 0.5M EDTA). Subsequently, Biotin-PEG3-Azide was conjugated to EdU 
molecules by a CuAAC click reaction and stained with DAPI. Single S-phase RPE-1 hTERT 
cells were sorted into 384-well plates for scEdU-seq processing. Following the sort, libraries 
were prepared by the following steps; proteinaseK digestion, NlaIII genome digestion, DNA 
blunt ending, A-tailing and finally adapter ligation with cell barcodes and unique molecular 
identifiers (UMI). Single cell libraries were pooled and bound with MyOneC1 Streptavidin 
beads to capture DNA replication fragments. Fragments were released by heat denaturation 
and fragments were filled in by the Klenow enzyme. Libraries were amplified by IVT, RT and 
PCR and subjected to Illumina sequencing (Nextseq1000 P3 2x100bp). Code for analysis and 
plotting can be found on GitHub. Published Repli-Seq103 and EdU-seqHU104 data were used 
as reference for replication timing analysis. 
scVASA-seq 
scVASA-seq was performed as previously described by Salmen et al., 202258.  Briefly, total 
RNA is fragmented and polyadenylated.  Total RNA is converted to cDNA and amplified by in 
vitro transcription. Ribosomal RNA sequences were depleted from Amplified RNA (aRNA) and 
residual RNA is converted to DNA by reverse transcription. Subsequently, libraries are 
amplified by PCR and subjected to Illumina sequencing (Nextseq1000 P3 2x100bp). Code for 
analysis and plotting can be found on GitHub. 
ChiC-seq 
ChIC-seq was performed as described previously by Zeller et al, 2023 Nature Genetics77. 
Briefly, cells were treated with DMSO or dTAG for indicated time periods. Subsequently, cells 
were fixed in 70% Ethanol and within 24 hours resuspended in Wash buffer (47.5ml H2O 
RNAse free, 1ml 1M HEPES pH 7.5, 1.5ml 5M NaCl, 3.6ul pure spermidine solution, 0.05% 
Tween, 200uL 0.5M EDTA & Protease inhibitor tablet). Antibodies were incubated overnight 
at 4°C on a roller to prevent aggegration. After washing away the antibody, pA-MNase was 
added to the samples in combination with DAPI. Next, a thousand cells were sorted in 
individual tubes per sample and Ca2+ was added to activate the pA-MNase for 30minutes at 
4°C, MNase was stopped by the addition of EGTA and digested with proteinase K. The 
resulting DNA fragments were end-repaired, A-tailed and ligated with double-strand DNA 
adapters containing a T7 and UMI. Samples were amplified with a round of in vitro 
transcription, reverse transcriptions and finally PCR. Libraries were subjected to Illumina 
Sequencing (Nextseq P3 2x100bp). Code for analysis and plotting can be found on GitHub. 
Microscopy 
Live-cell imaging 

Cells were plated on a glass bottom 96-well plate (Cellvis Cat. No. P96-1.5H-N) coated with 
collagen diluted 1:50 in water (Advanced BioMatrix, #5005). Cells were plated at a density of 
1,200 cells per well 24hr prior to the start of imaging. For the duration of the movie, cells were 
maintained in at 37°C, with 5% CO2. Exposure times were set to 70ms for CFP, corresponding 
to H2B-mTurquoise2 and 100ms for YFP, corresponding to DHB-mVenus. After 24hr of live-
cell imaging, cells were treated with either 1µM dTAG-V1 or 0.1% DMSO, followed by an 
additional 48hr of imaging.  
Tracking of live-cell imaging 
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Live-cell tracking was conducted by generating a nuclear mask based on segmentation of the 
H2B-mTurquoise fluorescence signal for each frame of the live-cell movie and nearest 
neighbor calculations were used to track single cells. The nuclear mask was applied to the 
DHB-mVenus fluorescence channel and the nuclear DHB signal was measured as the mean 
signal of the pixels in each nucleus. Cytoplasmic DHB signal was determined by dilating the 
nuclear mask by 2 pixels and calculating the mean pixel intensity of the cytoplasmic ring. 
CDK2 activity was calculated as the ratio of cytoplasmic to nuclear DHB signal. The tracking 
code is available at https://github.com/scappell/Cell_tracking.  
RNA FISH  
Cells were fixed with 4% paraformaldehyde for 15min. Histone H4.2 (Thermo Fisher, VA6-
3174283-VC) mRNA was visualized according to the manufacturer’s protocol (ViewRNA ISH 
Cell Assay Kit, ThermoFisher QVC0001). Cells were permeabilized for 30min and mRNA 
probes hybridized for 4hr at 40°C. Exposure time was set to 600ms for Cy5. Histone H4.2 
mRNA FISH signal was quantified as the median pixel value of a two-pixel-wide cytoplasmic 
ring around the nuclear mask.  
Quantitative Mass spectrometry 
Sample preparation for histone modification analysis by MS 

Approximately 500k RPE-1 degron-CHAF1A cells were synchronized in G2 phase as 
described in Figure 3A and under method section “cell synchronization”. Acid extracted 
histones were processed according to a SP3 protocol as described previously105. However, 
proprietary steps developed by MOLEQLAR Analytics GmbH have been added in order to 
adjust the protocol for histone specific aspects. Upon overnight digestion at 37°C and 
1,000rpm in a table-top thermomixer, samples were acidified by adding 5µl of 5% TFA and 
quickly vortexed. Beads were immobilized on a magnetic rack, and peptides were recovered 
by transferring the supernatant to new tubes. Samples were dried down using a vacuum 
concentrator and reconstituted by adding 12µl 0.1% FA to reach a peptide concentration of 
approximately 0.2µg/µl. MS injection-ready samples were stored at -20°C.  
LC-MS analysis of histone modifications 

Approximately 200ng of peptides from each sample were separated on a C18 column (Aurora 
Elite TS, 15 cm x 75 μm ID, 1.7 μm, IonOpticks) with a gradient from 5% B to 25% B (solvent 
A 0.1% FA in water, solvent B 100% ACN, 0.1% FA) over 35min at a flow rate of 300nl/min 
(Vanquish Neo UHPLC-Systems, Thermo - Fisher, San Jose, CA) and directly sprayed into a 
Exploris 240 mass spectrometer (Thermo-Fisher Scientific). The mass spectrometer was 
operated in full-scan mode to identify and quantify specific fragment ions of N-terminal 
peptides of human histone 3.1 and histone 4 proteins. Survey full scan MS spectra (from m/z 
250–1600) were acquired with resolution 60,000 at m/z 400 (AGC target of 3x106). Typical 
mass spectrometric conditions were: spray voltage, 1.9kV; no sheath and auxiliary gas flow; 
heated capillary temperature, 300°C. 
Quantification of histone modifications 

Data analysis was performed with Skyline (version 22.2.0.351)106 by using doubly and triply 
charged peptide masses for extracted ion chromatograms (XICs). Peaks were selected 
manually. Heavy arginine-labelled spiketides (13C6; 15N4) were used to confirm the correct 
retention times. The SILAC peptides (i.e. heavy arginine-labelled peptides (R6 Arginine 
13C6)) were selected to assess the newly heavy arginine incorporation into synthetized 
histones proteins. To that aim, we removed any peptides that did not contain any arginine. 
Integrated peak values (Total Area MS1) under the first 4 isotopomers were used for further 
calculations and log2 transformed. Since the three G1 samples are unlabeled, we used them 
to evaluate the labeling quality, defined as our ability to not detect hits to peptides containing 
heavy arginine in G1 condition and measured as the median of 100-100 x 
intensitySILAC/(intensitySILAC+intensitylight) percentage over the peptides equal to 98.7, 

.CC-BY-NC-ND 4.0 International licensemade available under a
(which was not certified by peer review) is the author/funder, who has granted bioRxiv a license to display the preprint in perpetuity. It is 

The copyright holder for this preprintthis version posted March 27, 2024. ; https://doi.org/10.1101/2024.03.22.586291doi: bioRxiv preprint 

https://doi.org/10.1101/2024.03.22.586291
http://creativecommons.org/licenses/by-nc-nd/4.0/


 

 18 

99.4, and 99.5% for replicates 1, 2, 3 respectively. Subsequently, any SILAC signal in G1 
samples was not considered (i.e. set to 0). 
For a given precursor, the percentage of each modification on the following H3/H4 lysines: 
K4, K9, K14, K18, K23 K27, K36, K56, K79/K5, K8, K12, K16 (all denoted as H4_4…17), K20 
within the same peptide is derived from the ratio of this structural modified peptide intensity to 
the sum of all isotopically similar peptides intensities using either SILAC (new) or light 
intensities (old). In other words, the Total Area MS1 value was used to calculate the relative 
abundance of an observed modified peptide as percentage of the overall peptide. The intensity 
of the unmodified peptide of histone 3.1 (aa 41–49) was used as a proxy of total histone 3.1. 
Coeluting isobaric modifications were quantified using three unique MS2 fragment ions.   
Per modification, we tested for any significant difference in differential relative abundance 
between old and new histones in DMSO versus dTAG condition (i.e. effect of dTAG) using a 
t-test under the following null hypothesis (rel. abund. from light – rel. abund. from SILAC) 
DMSO = (rel. abund. from light – rel. abund. from SILAC) dTAG. Benjamini-Hochberg multiple-
testing procedure has then been applied. 
Analysis of senescence-associated β-galactosidase activity 
For quantification of SA-b-gal activity by flow cytometry, the CellEvent™ Senescence Green 
Flow Cytometry Assay Kit (ThermoScientific) was used. Cells were treated with either DMSO 
or dTAG (500 nM) for 7 days without splitting. Next, cells were harvested by trypsinization, 
washed once with PBS0 and then fixed with 4% paraformaldehyde for 10min at RT. 
Subsequently, samples were washed with PBS0 and incubated for 2hr in 1:750 CellEventTM 
Senescence Green Probe diluted in CellEventTM Senescence Buffer at 37°C shaking (1000 
rpm). Lastly, cells were washed with PBS0 and analyzed using BD LSR Fortessa X20 (BD 
Biosciences). 
Cell growth competition assay 
RPE-1 mNeonGreen-tagged 𝛽-tubulin cells were seeded at a 1:5 ratio with either degron-
CHAF1A cells or p53KO degron-CHAF1A cells. Cells were treated with dTAG (500 nM) or 
DMSO over a period of 7 days and split at day 0, 2 and 4 according to their confluency. The 
remaining cells of every timepoint were collected for flow cytometry analysis, washed 1x in 
FACS buffer and the percentage of degron-CHAF1A cells was assessed as mNeon negative 
population using BD LSR Fortessa X20 (BD Biosciences). 
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Figure 1. CAF-1 sustains DNA replication speed in single cells 
A) Western blot analysis of RIPA extracted hTERT RPE-1 degron-CHAF1A cells treated with 

DMSO or dTAG for indicated time periods. 
B) Schematic representation of the treatment and sample preparation for scEdU-seq 

experiments. 
C) DNA replication speed over S-phase in degron-CHAF1A treated with DMSO (blue) or dTAG 

(orange) subjected to EdU labeling scheme (see Figure 1B). Difference in DNA replication 
speeds between DMSO and dTAG in kb/min (y-axis) over S-phase progression (x-axis, top-
left), marginal normalized density (x-axis) of DNA replication speed in kb/min (y-axis) 
colored for DMSO- (blue) or dTAG-treated cells (orange, bottom-right). Each dot represents 
a single cell. 

D) Heatmap showing scEdU-seq maximum normalized log counts for DMSO-treated and 
dTAG-treated RPE-1 degron-CHAF1A cells ordered according to S-phase progression (y-
axis) and binned per 40 kb bins (x-axis) for a 50 megabase region of chromosome 2. Top: 
heatmap showing log2-fold ratio of early to late Repli-Seq indicating replication timing (top) 
and bar graph showing EdU-seqHU, to mark replication origins, of the same stretch of 
chromosome 2 (bottom). 

E) Boxplots showing heterogeneity of fork speed within single cells expressed as the standard 
deviation of DNA replication speeds (kb/min, y-axis) from degron-CHAF1A cells treated with 
DMSO or dTAG (x-axis). Adjusted p-values were determined by Pairwise T-test and 
corrected Bonferroni multiple testing correction. 
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Figure 2. Acute CAF-1 depletion prolongs S-phase without triggering ATM or ATR 
activation 
A-D) Mean signal of CDK2 activity sensor aligned computationally to the time of anaphase. 

Cells included in the different analyses experienced the start of DMSO (blue) or dTAG 
(orange, 1uM) treatment relative to their last anaphase in indicated cell cycle phases. 

E) Western blot analysis of RIPA extracted degron-CHAF1A cells treated for 2hr with DMSO, 
dTAG or HU=Hydroxyurea (10mM) probed with indicated antibodies. 

F) Flow cytometry analysis for pChk1 (S345) and ɣH2AX (S139) intensities (y-axis) for 
indicated cell cycle phases (x-axis) in RPE-1 degron-CHAF1A cells treated for 2hr with 
DMSO (blue) or dTAG (orange). Error bars represent SD as result of unpaired, parametric 
t-tests (ns=non-significant). 

G) Corrected EdU intensities (y-axis) for DMSO or dTAG (2hr) degron-CHAF1A S-phase cells 
treated with indicated inhibitors (x-axis). 

H) Western blot of soluble and chromatin fraction of RPE-1 degron-CHAF1A cells treated with 
DMSO or dTAG (2hr) probed with indicated antibodies. 
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Figure 3. CAF-1 controls the levels of histone mRNA in S-phas 
A) Stacked bargraph displaying the normalized contribution of each experimental condition to 

each Leiden cluster (x-axis). 
B) UMAP plot obtained from total gene-wise RNA counts of sequenced cells analyzed with 

Seurat, colored by cycle stages identified by unsupervised clustering and characterized with 

.CC-BY-NC-ND 4.0 International licensemade available under a
(which was not certified by peer review) is the author/funder, who has granted bioRxiv a license to display the preprint in perpetuity. It is 

The copyright holder for this preprintthis version posted March 27, 2024. ; https://doi.org/10.1101/2024.03.22.586291doi: bioRxiv preprint 

https://doi.org/10.1101/2024.03.22.586291
http://creativecommons.org/licenses/by-nc-nd/4.0/


 

 29 

marker genes for cell cycle progression shown in Figure S3B. Each dot represents a single 
cell. 

C-D) UMAPs determined using total RNA counts per gene illustrating cells treated for 2hr (C) 
or 30hr (D) with DMSO or dTAG. Differences are highlighted in gray. 

E) Violin plot of the single-cell expression analysis for all histone genes using ModuleScore 
function from Seurat for 2hr DMSO or dTAG treated degron-CHAF1A cells split by non S-
phase and S-phase clusters. Adjusted p-values were obtained by Pairwise T-test followed 
by Bonferroni multiple testing correction. See Table S1. 

F) Analysis of CAF-1 dependent expression of all histone genes. In this scatterplot, each 
histone gene is represented by a dot, which is colored by the fold-change in expression in 
acute CAF-1 depletion (2hr, dTAG/DMSO). Gray denotes genes not detected in DMSO or 
dTAG samples. Their size indicates the relative S-phase expression (S-phase/outside of S-
phase expression) defined as a fold enrichment per histone gene. The x-axis represents 
the mean expression of each histone gene outside of S-phase and the y-axis represents 
the mean expression of each histone gene in S-phase.  
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Figure 4. CAF-1 loss leads to histone imbalance and globally affects chromatin 
maturation within a single S-phase 
A) SILAC-MS set up for analysis of old and new histones, their PTMs and variants of cells that 

underwent exactly one full S-phase after the start of DMSO/dTAG treatment. DAPI FACS 
profiles of the different conditions are shown. 

B) Cumulative barplots of the proportion of old and new histones in DMSO and dTAG. The 
horizontal dotted line is set at 50%.  

C) Western blot of acidic extractions of degron-CHAF1A cells (clone 8) treated with DMSO or 
dTAG for indicated times. 

D) Quantification of new H3.1/2 and H3.3 peptides (amino acids 27-40). The height of the 
barplots represent the relative abundances of mono-, di- and tri-methylation of K27 or K36 
that were summed up. 

E) Scatterplot of the differential effect of DMSO (x-axis) vs dTAG (y-axis) between old and 
new histones. Colors encode significance levels (p-value) after Benjamini-Hochberg 
adjustment. A zoom-in is available in Supplemental Figure S4D. 

F) Quantification of the H4K20-anchored PTMs relative abundance on old and new H4 peptide 
20-23 associated with DMSO or dTAG treatment. 

(B,D,F) Quantification of histones and their PTMs of degron-CHAF1A cells (clone 8) treated 
as described in (A). Percentages are relative to the total intensity of related peptides and 
averaged across n = 3 biological replicates. Error bars represent SD, asterisks represent p-
values as * < 0.05, ** < 0.01, *** < 0.001, **** < 0.0001 as result of unpaired, parametric t-
tests. 
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Figure 5. CAF-1 controls chromatin assembly and transcriptional fidelity in S-phase 
A) Schematics of repli-ATAC-seq conditions.  
B) Fragment size frequency of repli-ATAC-seq samples for nascent, mature 2hr and post-

replication chromatin from three independent experiments. 
C) Boxplot quantification of reads within the sub-nucleosomal (<150 bp), mono-nucleosomal 

(150-300 bp) and di-nucleosomal (300-450 bp) size range relative to the total amount of 
DNA fragments. P-values were calculated using binomial-test. 

D) Spike-in normalized signal (y-axis) of nascent, mature and post-replication repli-ATAC-seq 
samples and ATAC-seq sample over a selected region of about 50 Mb on chromosome 2. 
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In blue DMSO control samples, in orange dTAG treated samples, in grey Log2 fold-change 
quantification of dTAG over DMSO signal.  

E) Boxplot quantifying accessibility signal changes of dTAG over DMSO over the whole 
genome (15 kb binned genome) in different repli-ATAC-seq conditions and ATAC-seq (2hr 
dTAG treatment). 

F) Violin plots of single cell nascent transcription quantification as determined by the number 
of unique spliced (mature) total RNA reads divided by the number of unique unspliced 
(nascent) total RNA (y-axis) as produced by the RNA Velocity algorithm for CHAF1A cells 
treated for 2 hours with DMSO and dTAG split by non S-phase and S-phase clusters (x-
axis). Adjusted p-values were obtained by Pairwise T-test followed by Bonferroni multiple 
testing correction. 
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Figure 6. Acute CAF-1 loss differentially affects constitutive and facultative 
heterochromatin  
A)  Genomic tracks of ChIC-seq signal for H3K9me3 (purple) and H3K27me3 (green) in DMSO 

treated cells. In grey: tracks showing changes in accessibility following CAF1 depletion for 
repli-ATAC and ATAC-seq experiments, over 50 Mb loci on chromosome 2. 

B-C) Boxplots of changes in accessibility signal, upon CAF-1 removal, per region, in nascent, 
mature (2hr or 15hr), post-replication repli-ATAC-seq samples, and in ATAC-seq (2 hr 
dTAG). Each box plot represents 1000 bins either randomly selected genome-wide (grey) 
or selected by the highest ChIC-seq signal for H3K9me3 (purple) and H3K27me3 (green) 
regions. One-way ANOVA test was performed to determine statistically significant 
differences between each genomic regions within each sample. Correlation analysis over 
the whole genome is shown in Supplemental Figure S6A. 

D-E) Quantification of the differences between the median of the randomly selected bins and 
the median of the heterochromatic regions (H3K9me3 in purple, H3K27me3 in green), from 
panels B and C. Wilcoxon-Test was used to extract the median for each genomic region 
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within sample and used to quantify its deviation from the genome-wide accessibility signal 
for H3K9me3 and H3K27me3 regions in all repli-ATAC-seq samples and ATAC-sample. 

F)  Boxplots of single cell expression analysis using ModuleScore function from Seurat. Cells 
were treated with 30hr of DMSO (blue) or dTAG (orange). Panels show module expression 
levels for 250 random genes in the genome (left panel) or in 250 genes with highest 
accessibility scores in H3K9me3 regions (middle panel) and 250 genes with highest 
accessibility scores in H3K27me3 regions (right panel). See Table S1. 
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Figure 7. Defective de novo chromatin assembly in S-phase leads to a G0 arrest in 
daughter cells 
A) Schematic representation of live-microscopy data shown in Figure 2. CDK2 increasing cells 

(CDK2inc) and CDK2 low cells (CDK2low) are used to calculate the percentage of cells that 
are committed to enter the cell cycle (CDKinc) vs the percentage of cells that enters G0 arrest 
(CDKlow). 

B) Quantification of CDK2inc cells of experiments shown in Supplemental Figure S2A-D. Blue 
= DMSO, Orange = dTAG. Error bars represent the standard deviation. 

C) Quantification of CDK2inc cells of experiments shown in Supplemental Figure S2B and S2D 
separated by first and second mitosis after treatment. Blue = DMSO, Orange = dTAG. Error 
bars represent the standard deviation. 

D) Violin plot of the Quiescence score (y-axis) for DMSO or dTAG treated degron-CHAF1A 
cells split by 2hr and 30hrs (x-axis). Adjusted p-values were determined by Pairwise T-test 
and corrected Bonferroni multiple testing correction. See Table S1. 

E) Single cell expression analysis for stress response using ModuleScore function from Seurat 
for 2hr DMSO or dTAG treated CHAF1A-degron cells split by non S-phase and S-phase 
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clusters. Adjusted p-values were determined by Pairwise T-test and corrected Bonferroni 
multiple testing correction. See Table S1. 

F) Flow cytometry analysis of p21 levels in degron-CHAF1A cells (clone 8) at indicated time 
points. 

G) Western blot of RIPA extracted cell lysates of degron-CHAF1A cells (clone 8) and degron-
CHAF1A cells + p53KO at indicated time points. 

H) Flow cytometry analysis of cellular senescence via b-galactosidase hydrolysis. Cells were 
treated for 7 days with DMSO or dTAG. Intensity of CellEvent™ Senescence Green per cell 
was normalized to an unstained control. P-values were calculated using Students T-test. 

I) Western blot analysis of chromatin extracted degron-CHAF1A cells (clone 8) and degron-
CHAF1A cells + p53KO after 2hr of DMSO or dTAG treatment.  

J) Flow cytometry analysis of EdU incorporation levels after 2hr of DMSO or dTAG treatment. 
Intensity of S-phase cells was corrected by mean EdU levels of corresponding G1 phase 
population.  

K) Cell growth competition assay showing proliferation efficiency in DMSO or dTAG. Degron-
CHAF1A cells (clone 8) and degron-CHAF1A + p53KO cells were mixed with mNeon-tubulin 
hTERT-RPE-1 cells at a ratio of 80/20 at day 0. Percentage of CHAF1A-tagged cells was 
measured by flow cytometry as number of mNeon negative cells at indicated time points. 
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SUPPLEMENTAL FIGURES 
 

 
Supplemental Figure S1. Related to Figure 1 
A) Left: Overview of the knock-in constructs used to tag the N-terminus of the CHAF1A 

subunit. Middle: PCR gel showing insertion of the knock-in constructs into the genome of 
hTERT-RPE1 cells. Right: Western blot analysis of degron-CHAF1A clones treated with 
DMSO or dTAG for indicated time periods. 
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B) Violin plots of EdU incorporation levels of S-phase cells measured by flow cytometry. EdU 
intensity in S-phase cells was normalized to the intensity in G1 cells. 

C) Bivariate heatmap of the average number of replication forks per bin per cell for DMSO (x-
axis) compared to dTAG (y-axis) treated degron-CHAF1A cells split by early, middle and 
late S-phase pseudo-bulk samples (color indicates counts per bin). 

D) Pearson correlation matrix representation for each pseudo-bulk and degron-CHAF1A 
treatment (DMSO or dTAG), number and colors indicate Pearson correlation. 

E) Violin plots of the number of DNA replication forks per single cell in degron-CHAF1A cells 
treated with DMSO or dTAG. Adjusted p-values were obtained by Pairwise T-test followed 
by Bonferroni multiple testing correction. 

F) The number of DNA replication forks (y-axis) per single cell in degron-CHAF1A cells 
treated with DMSO (blue) or dTAG (orange) over S-phase progression (x-axis). 

G) The Cumulative frequency distribution (y-axis) of cells with a replication fork speed (RFS+) 
cells over scEdU-seq+ cells over S-phase Progression (x-axis). 

H) Heterogeneity (SD) of DNA replication speeds within single cells (y-axis) over S-phase 
progression (x-axis). 

I) DNA replication speed over S-phase in degron-CHAF1A (clone 8 and clone 6) treated with 
DMSO (blue) or dTAG (orange) for 2hr followed by scEdUseq. Difference in DNA 
replication speeds between DMSO and dTAG in kb/min (y-axis) over S-phase progression 
(x-axis, top-left), marginal density (x-axis) of DNA replication speed in kb/min (y-axis) 
colored for DMSO- (blue) or dTAG-treated cells (orange, bottom-right). 

J) Heatmap showing scEdU-seq maximum normalized log counts for 2-hours DMSO-treated 
and dTAG-treated RPE-1 degron-CHAF1A cells (as in panel I) ordered according to S-
phase progression (y-axis) and binned per 40 kb bins (x-axis) for a 50 megabase region 
of chromosome 2.  
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Supplemental Figure S2. Related to Figure 2 
A) -D) Single-cell traces of CDK2 activity aligned computationally to the time of anaphase. 

Cells included in the different analyses experienced the start of DMSO (blue) or dTAG 
(orange, 1uM) treatment relative to their last anaphase in indicated cell cycle phases. 

E) Flow cytometry analysis of percentage of S-phase cells based on EdU/DAPI staining (y-
axis). Cells were arrested in G1 phase by treatment with CDK4/6 inhibitor palbociclib 
(150nM for 24hr). One hour before release into S-phase, DMSO or dTAG was added to 
the medium. Cells were harvested every 3hr post release (x-axis). Error bars represent 
SD. 

F) Western blot analysis of phosphorylation of Chk1, RPA and H2AX phosphorylation in 
degron-CHAF1A clone 6 cells treated with DMSO, 2hr dTAG and hydroxyurea (2mM, 
24hr), probed with indicated antibodies. 
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Supplemental Figure S3. Related to Figure 3 
A) Differential abundance (log2) of cells treated with DMSO or dTAG for 2 or 30hr per 

Leiden Cluster, colors indicate -log10(adj. p-value) for the Binomial Test. The value of 
the datapoints that are drawn on the borders of the graph is infinite. 
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B) UMAPs determined using total RNA counts per gene illustrating scaled expression for 
MKI-67, CDC6, H3C3 and CCNB1 in all scVASA-seq cells. 

C) UMAPs determined using total RNA counts per gene illustrating different cell lines and 
treatments. 

D) Heatmap of expression (Z-scored by gene) for the top 20 differentially expressed genes 
(y-axis) split by DMSO and 2hr dTAG treatment for degron-CHAF1A cells (x-axis) in S-
phase cells 

E) UMAPs determined using total RNA counts per gene illustrating Histone Gene 
expression (see Table S1) after 2hr treatment using the ModuleScore function in Seurat. 

F) Quantification of smFISH for H4 (y-axis) versus DAPI intensity (x-axis) in degron-CHAF1A 
degron cells treated with DMSO and dTAG (2hr). 

G) Violin plots of individual replicative histone gene expression (y-axis) in indicated conditions 
(x-axis), where each dot represents an individual cell. Adjusted p-values were determined 
by Pairwise T-test and corrected Bonferroni multiple testing correction. 

H) Violin plots of individual non-replicative histone gene expression (y-axis) in indicated 
conditions (x-axis), where each dot represents an individual cell. Adjusted p-values were 
determined by Pairwise T-test and corrected Bonferroni multiple testing correction. 
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Supplemental Figure S4. Related to Figure 4 
A) Boxplots showing distribution of peptide-wise heavy log2 intensities per sample. 
B) Principal component analysis from the PTMs relative abundance of new and old histones 

across conditions allows to visualize clustering of samples. 
C) Quantification of old H3.1/2 and H3.3 peptides (amino acids 27-40). Relative abundances 

of mono-, di- and tri-methylation of K27 or K36 were summed up. 
D) Zoom-in of Figure 4E. 
E) Quantification of H3K9-anchored PTMs relative abundance on old and new H3 peptide 9-

17 associated with DMSO or dTAG treatment. 
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Supplemental Figure S5. Related to Figure 5 
A) Pearson correlation matrix of repli-ATAC-seq and ATAC-seq samples described in this 

manuscript. The dendrogram on the left of the heatmap represents the hierarchical 
clustering of the rows. Numbers and colors indicate Pearson correlation value 
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B) Ratio between spiked-in Drosophila melanogaster and human EdU reads of proteinaseK 
pretreated (de-chromatinized DNA samples) and repli-ATAC-seq samples. Horizontal bars 
represent median values. These data are used to monitor the effects of EdU incorporation 
in processed repli-ATAC-seq samples.  

C) Spike-in normalized signal (y-axis) of nascent and mature 2hr chromatin repli-ATAC-seq 
samples from clone 6 (top) and 15hr mature chromatin repli-ATAC-seq sample from clone 
8 (middle). Bottom panel shows RPM-normalized unbound (EdU unlabeled DNA) nascent 
chromatin repli-ATAC-seq sample from clone 8. The signal is visualized over a selected 
region on chromosome 2. In blue DMSO control samples, in orange dTAG treated 
samples, in grey Log2FC quantification of dTAG over DMSO signal.  

D) Boxplot showing accessibility changes of dTAG over DMSO signal for nascent and mature 
2hr repli-ATAC-seq samples in clone 6 and unbound repli-ATAC-seq samples in clone 8. 

E) Comparison of average accessibility signal (y-axis) from nascent, mature, post-replication 
chromatin and nascent unbound repli-ATAC-seq and ATAC-seq samples within ±5Kb 
regions around annotated peaks in genes promoters, gene bodies and intergenic regions. 
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Supplemental Figure S6. Related to Figure 6  
A) Scatterplot showing correlation of chromatin accessibility Log2(dTAG/DMSO) signal (y-

axis) over ChIC-seq signal from DMSO samples (x-axis) per 15kb bin along the genome. 
Calculated trend lines are shown in magenta.  
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B-C) Boxplot quantifying change in chromatin accessibility signal upon CAF-1 removal, in 
heterochromatin regions in the spike-in-normalized Nascent and Mature (2hr) sample for 
clone 6 (B) and unbound samples from nascent clone 8 (C). The top 1000 bins have been 
used for calculation as in Figure 6 B-C. One-way ANOVA test was performed to determine 
statistically significant differences between each genomic region. 

D) Z-score ChIC-seq signal representative of H3K9me3 and H3K27me3 marks in untreated 
DMSO and dTAG at different time points (rows) over a selected region of 30 Mb on 
chromosome 2. 

E) Pearson correlation matrix of all ChIC-seq samples. 
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Supplemental Figure S7. Related to Figure 7 
A) Cumulative barplots of cell cycle distribution of unsynchronized degron-CHAF1A cells 

(clone 8) after treatment with DMSO or dTAG for indicated time periods. Cells were pulsed 
with EdU for 30min before harvest and cell cycle distribution was analyzed by flow 
cytometry using DAPI/EdU intensities. 

B) Western blot analysis of RIPA extracted degron-CHAF1A cells (clone 8) after DMSO and 
dTAG treatment for indicated time points. 

C) Same UMAP plot as Figure 3B with cells colored by Quiescence score (see Table S1) 
obtained with Seurat´s ModuleScore function.  

 
 
 
 
 
 
SUPPLEMENTAL TABLES and FILES 
 
Supplemental Table S1. Lists of gene sets 
List of gene sets that were used to calculate expression differences in transcription based on 
scVASA seq data set 
 
Supplemental Table S2. SILAC-MS on histone variants and their PTMs 
A) Intensity of light peptides aggregated by modification by precursor per sample 
B) Intensity of heavy peptides aggregated by modification by precursor per sample 
C) PTM relative abundance in old and new histones (grouped per precursor peptide) 
 

Supplemental File 
Script repli-ATAC-seq.txt 
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